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Abstract
Bacterial adhesion to surfaces such as medical devices causes approximately 1.7 million infections
and 75,000 deaths each year in the United States. Throughout the past several years, many studies
have been conducted on micro- and nanostructure-enabled antimicrobial surfaces. However, this
idea is controversial, as some studies have shown that superhydrophobic micro and nanostructures
cannot prevent bacterial growth over time and that they are not a practical solution to reduce
healthcare-related infections.
The objective of this study is to develop a mechanically durable and long-lasting antimicrobial
surface to prevent bacterial growth. High-aspect-ratio micro mushroom structures are fabricated
by high resolution stereolithography and coated with Teflon and zinc oxide. To test the long-term
antimicrobial efficiency of these structures, Escherichia coli is grown on the bare, Teflon-, and
zinc oxide nanoflower-covered micro mushrooms for 12, 24, and 48 hrs. Bacterial growth is
quantified using scanning electron microscopy. Surprisingly, over the 48-hr bacterial growth
period, the zinc oxide-coated chips are the most effective, with no bacterial colonies and very little
cell attachment. These results pave the way to enable a multi-scale hierarchical antimicrobial
surface to combat healthcare-induced infections.
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NONMENCLATURE
BSL1 = biosafety level 1
CAD = computer-aided design
CAH = contact angle hysteresis
EPS = extracellular polymeric substances
EGFP = enhanced green fluorescent protein
FE = field emission
GFP = green fluorescent protein
RFP = red fluorescent protein
SEM = scanning electron microscopy
SLA = stereolithography
STL = standard tessellation language
TNTC = too numerous to count
c = concentration
fg = liquid-gas contact fraction
fs = liquid-solid contact fraction
V = volume
θc = contact angle
θY = intrinsic contact angle
θr = roll-off angle

KEY TERMS
Antimicrobial: Inhibiting the growth of pathogenic microorganisms or biofilms.
Biofilm: A thin, slimy film of bacteria that adheres to a surface.
Colony: A group of bacteria derived from the same cell.
Contact Angle: Angle at which a liquid droplet meets a solid surface; measured between solid surface
and tangent line to outside of droplet.
Contact angle hysteresis: Difference between the advancing and receding angles on a drop rolling off a
surface at the roll-off angle.
Intrinsic contact angle: Contact angle of a droplet on a flat surface of a specific material; dependent on
liquid and material.
Liquid-gas contact fraction: Ratio of droplet surface area in contact with gas between droplet and
surface to total projected area of droplet-surface interface.
Liquid-solid contact fraction: Ratio of droplet surface area in contact with solid surface to total
projected area of droplet-surface interface.
Roll-off angle: Surface tilt angle, measured from the horizontal, at which a droplet begins to roll off.
Superhydrophobic: Describes a surface on which water droplets rest at a contact angle greater than
150°.
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1.0

PROBLEM INTRODUCTION

Biofouling, which occurs when organisms or bacteria adhere to a surface, often creates problems
in nature and in engineering. For example, barnacle growth on ship hulls makes the surface rough
and less aerodynamic, resulting in an increase in fuel requirements and higher costs [1,2]. A 5%
increase in biofouling on a ship hull results in a 17% increase in fuel consumption and also in more
emissions [1,3]. In the medical field, biofilms on devices and transplants create health problems
that cost Americans millions of dollars per year to treat [1]. Ten percent of hospital patients are
infected by bacteria growing on clinical implants, such as urinary catheters and cochlear implants,
and 8% of orthopedic implants have biofilm or biocompatibility issues [1,4–9]. Biofilm issues
often require surgery to fix [1], which is expensive especially for patients that have already paid
thousands of dollars to treat their health problems [10]. According to a study by the Lewin Group,
nosocomial S. aureus infections in New York City hospitals cost $28,800 per patient in 1995 [11].
That is approximately $51,600 in 2021. Nosocomial infections affect about two million hospital
patients per year and have a devastating impact, increasing the death rate among intensive care
patients by 35%. Nearly half of S. aureus infections are hospital acquired [11]. This significant
number of nosocomial infections even with the use of antibiotics suggests that physical
characteristics of hospital equipment and medical implants should be studied for opportunities to
improve bacterial resistance.

Figure 1: Areas of biofouling on a ship hull. Taken from Bixler and Bhushan [1]. Permission
requested.
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Since the early 1960s, antibiotic-resistant bacterial strains have become an increasing problem,
with some superbugs being untreatable by medication [9,12,13]. Hospitals are a prime breeding
ground for these antibacterial strains due to their heavy use of antibiotics [13,14]. Several drugresistant strains of already-existing bacteria, such as S. aureus and M. tuberculosis, have emerged
in because of antibiotic overuse [15]. The costs of drug-resistant strains are high. For example,
methicillin-resistant S. aureus costs an average of 22% more to treat than the non-resistant strains
[13]. Worse yet is that the mortality rate for resistant S. aureus infections is three times higher than
for non-resistant infections (21% to 8%). Developing countries have historically struggled more
with antibiotic-resistant strains because of their lack of access to new effective but more expensive
antibiotics [13]. These problems warrant development of alternative methods of preventing or
reducing the impact of infections [1,16].

Figure 2: Common bacterial infections. (a) A cochlear ear implant infection due to antibioticresistant S. aureus. Taken with permission from Im et al. [9].

Inexpensive surfaces that are biofilm resistant for extended periods are important because they will
reduce costs for industries and individuals negatively impacted by biofouling. Therefore, this study
will provide insight into ways in which 3D printing technology, which continues to improve and
become cheaper [17], can be used to help solve these problems.
Since work on superhydrophobic surfaces was first documented by Robert N. Wenzel in the 1930s
[18], several methods have been developed to create surfaces that are resistant to an increasing
variety of liquids [19]. More recently, superhydrophobic surfaces have been developed using
11

etching techniques that allow for the creation of reentrant surface structures, which have the
appearance of mushrooms. These micro mushroom structures can be applied to a surface of any
material to make the surface superomniphobic, repelling even the liquids with the lowest known
surface tensions [20]. It is unknown, however, for how long these micro mushrooms remain more
resistant to biofouling than smooth, non-repellant surfaces. There is controversy over whether
rough, repellant surfaces like the one described remain resistant to biofouling over extended
periods of time and whether they remain effective in realistic environments. Submerged surfaces,
such as ship hulls, food processing equipment, and medical devices, are realistic for applications
of antibacterial surfaces [1,21–26]. At least one study has shown that after several hours,
biofouling becomes worse on submerged superhydrophobic surfaces than on smooth, nonrepellent
surfaces [23]. With the latest 3D-printing technology, high-resolution objects with 10-μm features
and 2-μm resolution can be created [27]. This opens the door for 3D-printed microstructures, which
are yet to be used to create repellent, antibacterial surfaces. This study explores characteristics of
3D-printed micro mushroom topographies fabricated with micro stereolithography, or Micro SLA.
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2.0

LITERATURE REVIEW

Extensive research exists on bacterial colonization of surfaces across many applications. In
preparation for this research project, the current literature on hydrophobic and antimicrobial
surfaces in nature and engineering was reviewed. The following sections detail the state of research
in the respective topic and how it relates to this study.
2.1

Problems Caused by Biofouling

Biofouling is a major public health concern, as Bixler and Bhushan describe [1]. One example of
costs due to biofouling is that 10% of hospital patients contract an illness due to biofilms on clinical
implants, requiring more medical treatment. Also, the NIH estimates that 80% of human bacterial
infections involve biofilms [4]. S. aureus infections are some of the worst because of its resistance
to antibiotics [1,9,12,13], which is a reason to use S. aureus in this proposed research project. It is
shown that initial attachment must be prevented unless van der Waals bonds can be destroyed
before secretion of extracellular polymeric substances (EPS). Once microorganisms emit EPS,
they attach to a solid surface and become more resistant to antimicrobial treatments and, if inside
the body, to the host’s immune response [1,4,5,28].
Chung et al. give useful information on the problem of biofilm development [29]. For example,
antibiotic therapy has become less useful against certain biofilms, and emergence of antibioticresistant bacteria has resulted from incomplete eradication of biofilms using antibiotics [12,29]. In
fact, some of the most endemic superbugs, such as C. difficile and S. aureus, have become more
common due to extensive use of antibiotics, such as penicillin, in hospitals [12,13]. Several other
infectious bacteria, including M. tuberculosis and E. coli, have developed antibiotic-resistant
strains since the introduction of sulfonamide antibiotics in 1937 [12]. The colonization and
succession of bacteria in a new hospital was studied by Lax et al., who found that common
infectious bacteria such as E. coli and S. aureus colonize heavily on shared equipment such as
bedrails and telephones [14]. Many of the genera, such as Staphylococcus and Streptococcus, come
from human skin and quickly spread throughout hospital after it opened. The rooms were cleaned
daily with an ammonium solution and after each patient with a 1:1000 bleach solution. The impact
of this cleaning is not discussed, but it is stated that all the bacteria detected after the hospital
opened remained present for the year-long duration of the study [14]. Therefore, it can be assumed
that although they may be helpful, the room cleaning procedures are not enough to eliminate
infections from surfaces and devices.
The resistance of bacteria to antibiotics and hospital cleaning procedures demonstrates the need
for alternative methods of reducing infections. Antibacterial surface structures like Chung’s team’s
Sharklet AFTM, which work through only physical surface property characteristics [4,21,29,30],
offer a potential solution to some problems caused by bacterial adhesion. In this study, 3D-printed
structures were tested for their antimicrobial properties for the possibility that they would provide
an effective non-antibiotic way of reducing infections.
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2.2

The Nature of Biofilms and Self-Cleaning Surfaces in Nature

Biofilms develop based on how the bacteria read surface topographies and how effective those
surfaces are in preventing adhesion. Adhesion occurs through secretion of extracellular polymeric
substances (EPS), which occurs once a bacterial cell has weakly latched onto a surface [1,21,31].
According to Bixler and Bhushan, an effective antibacterial surface must prevent initial attachment
unless van der Waals bonds can be destroyed before secretion of EPS [1]. This concept is shown
in Fig. 1.

Figure 3: Bacterial adhesion process. (a) Schematic diagram of bacterial colonization process. EPS
excretion (irreversible attachment) occurs in step 2. (b) SEM image of biofilm cross section. Taken
from Bixler and Bhushan [1]. Permission requested.

In a synthesis paper focused on biofilm problems in dentistry, Song et al. summarize the studies
done to date on the effects of surface properties on biofilm formation [24]. Surface properties that
have been studied include surface energy, charge, topography, and stiffness of substratum material
[24,32,33]. Charge and topography have been studied in-depth, while stiffness has not been.
Unlike in many other papers, it is acknowledged that super-hydrophilic surfaces are biofilmresistant like superhydrophobic surfaces [24]. Hydrophobicity is often associated with
antibiofouling [20,30,32,34], but this is not always the case [23]. Therefore, it is important to not
14

assume that a hydrophobic surface is antifouling. For this reason, this study explored both the
hydrophobicity and the antifouling properties of 3D-printed micro topographies.
Even if they are not antibiofouling, hydrophobic surfaces have potential applications in different
industries. For instance, surfaces with adjustable wettability can be used for liquid droplet
transportation, which has applications in space microfluidics with microgravity [32]. Tunable
wettability surfaces can also be used for conjugated polymer surfaces, which are used in
electroluminescence and logic circuits [35]. Yin et al. showed that some micro topographies can
maintain their hydrophobic characteristics when droplets of different chemicals are mixed on them.
This shows that there could be applications for hydrophobic surfaces in droplet-based
microreactors [32].
Bixler and Bhushan discuss “biomimicking,” or imitating nature, for biofilm prevention [1]. In
nature, there are many examples of hydrophobic and antibiofouling surfaces, such as lotus leaves,
shark skin, and cranefly legs [1,2,21,30,32,36,37]. It is emphasized that many successful biofilm
prevention methods in nature are a combination of individual factors. These individual factors
involve surface properties, such as hydrophobicity; aerodynamics (less drag); grooming (i.e.,
having one organism swim by and brush off bacteria); and adjusting environments (i.e., moving
from light to darkness or saltwater to freshwater) [1]. It is assumed that some of these factors,
including hydrophobicity through roughness, can be replicated on artificial surfaces [38].

Figure 4: Often-cited hydrophobic and self-cleaning surfaces in nature. (a) Lotus leaves. The
droplets, which bead up on the leaves, also collect debris as they roll off the leaves. Taken from
Bixler and Bhushan. Permission requested. (b) Shark skin, which has been mimicked to create
effective antifouling surfaces in recent years. Taken from Oeffner and Lauder [39]. Permission
requested.
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2.3

Environments of Hydrophobic Antifouling Surfaces in Nature

Not all bacteria adhere less to hydrophobic surfaces. For example, P. aeruginosa develops weaker
biofilms on smooth, hydrophilic polymeric surfaces [29]. Most superhydrophobic antifouling
surfaces are on organisms whose environments are mostly dry. Lotus leaves are an often-named
self-cleaning hydrophobic surface [1,19,32,36,38,40,41] that are not submerged but that are
temporarily wettened and then exposed to air and sunlight. Microorganisms prefer settling in areas
slightly larger than they are, which should be considered when designing surface features
[1,22,29,42].
2.4

Non-3D-Printed Engineered Antimicrobial Surfaces

Dozens of surfaces have been developed over the past two decades to prevent bacteria colonization
[20–22,25,30,43,44]. These surfaces often mimic, or “biomimic,” antibacterial surfaces found in
nature [1,25,45]. A variety of topographies have been tested under different conditions and for
different amounts of time, which poses a challenge when comparing the effectiveness of different
designs. Engineered antimicrobial surfaces are typically hydrophobic because of the general
correlation between hydrophobicity and biofilm prevention during test times ranging from an hour
to a few days [2,22,23,44,46]. Some research projects on hydrophobic and antibacterial surfaces
are described in the following paragraphs.
In 2014, Liu and Kim of the University of California, Los Angeles published a paper detailing the
fabrication and testing of micron-scale doubly reentrant structures, or micro-mushrooms, to create
truly superomniphobic surfaces [20]. The paper discusses how a surface of any material can be
made superomniphobic by altering its surface roughness. This was confirmed by testing materials
including silica (SiO2), metals, and polymers. The authors argue that superomniphobic surfaces,
which repel even the liquids with the lowest surface tensions (i.e., perfluoro hexane), can be
obtained solely from the surface roughness regardless of the material’s intrinsic wettability.
Extremely low surface tension liquids have not been repelled even by surfaces that are called
“superomniphobic” [20,45,47]. Using a doubly reentrant structure, even these super-wetting
liquids can be repelled [20,45]. The doubly reentrant structures were fabricated using silicon
micromachining [20]. This involves precisely controlling “thermal oxidation of a shallow-etched
silicon surface followed by three sequential etching steps on SiO2 and Si.” Diagrams of these micro
mushrooms, with dimensions, are shown. The authors state that the superomniphobic silica surface
they created resists biofouling, unlike other hydrophobic surfaces. However, the paper does not
state how long the repellency lasted.
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Figure 5: Micro mushroom structures designed by Liu and Kim. (a) CAD model. (b-e) SEM
images of fabricated surface. Taken from Liu and Kim [20]. Permission requested.

A 2017 paper by Hizal et al. describes the fabrication and testing of a nanoscale aluminum surface
covered with small cones made of nanopillars [48]. Hydrophilic and hydrophobic surfaces were
fabricated using anodization and etching techniques, which resulted in conical surface structures.
A Teflon coating (too thin to affect the dimensions of the nanostructures) was added to some
surfaces to make them hydrophobic. Like other studies, this study also used S. aureus and E. coli.
To test bacterial adhesion, the static and flow conditions were run for only 1 h each. Results for S.
aureus and E. coli are similar for both static and flow conditions. The hydrophobic nano-pillared
surface showed 98% (S. aureus) and 99% (E. coli) reduction in bacterial adhesion compared with
the hydrophilic nano-pillared surface.
Liu et al. created hydrophobic and hydrophilic antibacterial surfaces from PDMS molding [44].
According to this paper, with microgrooves the need for hydrophobic surfaces to prevent bacterial
adhesion is reduced. However, hydrophobic surfaces tend to be less adhesive, which is an
advantage for preventing initial adhesion [30,44]. Surfaces with microgrooves ranging from 0.5
μm to 4 μm were tested. E. coli, S. aureus, and P. aeruginosa were used. The grooved surfaces
were created using electron beam lithography to create PMMA templates and soft stamp
17

lithography to create PDMS films. The PDMS films were put onto the wafers, processed, and
removed with finished patterns. When pattern size was bigger than bacteria size, adhesion
increased significantly. When patterns were the same size or larger than the bacteria, adhesion
increased but was still significantly less than on a flat surface. This is consistent with the findings
of Carman et al [30]. The most effective ridge patterns were those of 0.5 μm, which decreased
adhesion from 36% to 0.5%. To better understand the impact of surface properties on
hydrophobicity and adhesion, some of the ridge-patterned surfaces were O2 plasma treated. This
decreased contact angle and increased adhesion, thus maintaining the positive correlation between
hydrophobicity and anti-adhesion. Despite this correlation, bacterial adhesion can still be reduced
significantly on hydrophilic surfaces if the pattern structure is smaller than the bacteria [44]. This
conclusion is consistent with other literature [1,21,22,30,40,42].
A study by Chung et al. involved creating a PDMS surface with shark-skin-like patterns
[21,29,30,40,49]. This surface significantly reduced the colonization of S. aureus over a 21-day
period. Of the literature reviewed, this is the longest period a surface has been tested for. The
surface is called “Sharklet AFTM.” The pattern is made up of rectangular ribs 2-μm wide and 3 μm
tall with lengths of 4 to 16 μm and 2-μm spacing [29,30]. The pattern was created in a negative
form on an etched silicon wafer and transferred to PDMS [30]. A previous study showed that
Sharklet AF is hydrophobic with a contact angle 135° [30]. The surface was submerged in 107
CFU/mL S. aureus solution for 21 days and compared to a flat PDMS plate. S. aureus was selected
for its size and “its association with nosocomial infections in implanted devices, such as cochlear
implants, sutures, and heart valves.” On day 14, Sharklet AFTM did not have mature biofilm
development, while the flat surface did. The flat surface had 54% S. aureus area coverage, while
Sharklet AFTM had only 7% coverage. The experiment was designed to last more than 14 days
because 14 days is the typical time that transcutaneous devices such as catheters typically take to
develop biofilms. At day 21, mature biofilms were developing on the Sharklet AFTM, and
coverage was 35% [29]. If colonization is reduced over the initial 48-hour period proposed for this
research, the test time should be extended for as long as possible or until antifouling properties
disappear. Additionally, surfaces similar to Chung’s may be possible to create using Micro SLA
and could be studied in a future project [27,50].
In a separate study, Carman et al. tested the growth of porcine vascular endothelial cells (PVEC)
on Sharklet AF [30]. These pig cells were chosen because their coagulation and fibrinolytic
systems are like those of humans. The PVEC cells were suspended in a 1-mL serum-free medium
at a density of 2 × 105 cells per sample and were incubated for 48 to 72 h [30]. Thus, testing PVEC
adhesion can predict the ability of surface to integrate tissue [22,30]. A further study showed that
Sharklet AF was effective not only because of its feature size and spacing but because of the
specific way the protrusions are arranged [21].
Like Chung et al., Gu et al. also created used PDMS molding to create an antibacterial surface
[42]. In this study, it was found that E. coli cluster formation was reduced 14-fold on surfaces
containing 5-μm-wide line patterns. Like others [22], this paper states that flagella motility changes
18

based on surface topography and that it has an impact on the direction in which bacteria orient
themselves on narrow patterns. The height and length were held constant for all patterns. The most
effective of the line patterns had width 5 μm, height 5 μm, length 4 mm, and inter-pattern distance
3 μm. For a topography with width 10 μm and inter-pattern distance 10 μm, the reduction in
percentage of cells in clusters was from 30% (on flat PDMS) to about 13% [42]. Since Empire
Group can print 10-μm features [27,50], this topography is of interest, and its manufacturability
can be explored in a future study.
Another type of antibacterial surface is one that emits metal ions, such as copper (1) (Cu1+), zinc,
or silver ions [4,6,7,51,52]. Gross et al., from Corning Incorporated, developed a paint coating
containing copper-glass ceramic powder that emits Cu1+ ions [51], which are effective in killing
common disease-inducing microbes [53]. The paint was developed with the goal of being
compatible with commonly used surfaces, which is a characteristic traditional metallic copper
antibacterial surfaces do not have. 1 in × 1 in coupons coated with the paint reduced E. coli, S.
aureus, P. aeruginosa, and K. aerogenes colony counts by greater than 99.9% within 2 h. Bacteria
cultures of concentration 1 × 107 CFU/mL were used, and all bacteria counts were evaluated by
US EPA test methods. Kane Biotech, based in Winnipeg, has also developed an antimicrobial
coating for medical devices and other surfaces that tend to have biofilm growth issues [4]. Zinc
oxide (ZnO) nanoparticles have good antimicrobial properties and are nontoxic to humans,
nonreactive with food, tasteless, and scentless. They are also the most toxic known metal oxide
particle to microorganisms. Because of this, ZnO nanoparticles can be used in medicine and to
fight bacteria [54]. The disadvantage to these types of surfaces is that making the glass ceramic
requires working at high temperatures with molten glass and crucibles [51]. For Corning
Incorporated, a company with a wealth of knowledge and equipment for glass manufacturing [55],
this is not a problem. However, the equipment used to develop these copper-containing glass
ceramics is not widely available. With easily accessible 3D printers [56] like the ones used for the
experiments in this project, working in a hazardous environment is not necessary. Parts can be
designed, uploaded, and printed with little manufacturing supervision. Another concern with these
coatings is that they may have similar implications to antibiotics in that they could result in
increased bacterial resistance [46].
In addition to protruded features such as pillars, some hydrophobic surfaces are porous. As
opposed to suspending droplet on top of individual surface features, these porous surfaces have
small liquid-solid contact fractions due to their many small pores. In 2007, Van der Wals and
Steiner developed such a surface by coating materials with Teflon containing impurities [43]. The
surface was created by mixing separate polystyrene impurities of 100-nm- to 25.7-μm-diameter
with Teflon, applying a Teflon coating to a 2 cm x 2 cm glass slide, and then using heat to remove
the impurities. It was found that the most effective surfaces had a pore surface fraction of about
65% and an impurity size of 8 μm. The surface is superhydrophobic, as a 171° contact angle and
an 8° contact angle hysteresis were achieved. This study is helpful because it describes a process
by which a Teflon coating can be applied to a micron-scale superhydrophobic surface to create a
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surface superstructure, or hierarchical structure [36,43,45]. This is a smaller pattern superposed to
a larger pattern [43], which was explored with the 3D-printed microstructures in this study.
Despite the hopefulness in hydrophobicity being a key to future antimicrobial surfaces, many
experiments are not run in realistic conditions [22,24,57]. Lee et al. recently released a paper
summarizing the progress in antimicrobial surfaces for medical applications [22]. This paper
describes the method by which bacteria sense surfaces and decide where to latch on. For example,
urinary catheters initially have good bactericidal properties, but problems occur over time as
bacteria begin to adhere to the rough surfaces [6,22,57]. A partial solution to this is using
micropillars with magnetic tips that can be activated to break up biofilms when they start building
up. As far as implants, topographies that promote good tissue integration but resist bacterial
adhesion are not well developed, because long-term in vivo studies have not been done in this area
[22]. It is evident that studies showing success of antimicrobial surfaces over a few hours or days
are not enough to show what biofilm development will occur in a real-application, long-term
situation [57].
Hwang et al. developed and tested a superhydrophobic surface showed worse biofouling than a
flat control surface after 24 hours [23]. The superhydrophobic surface was an extruded semicircle
line pattern. The control surfaces were all 2.5 cm x 5.5 cm and included a glass slide, polyurethane,
and two white polystyrene sheets. Surfaces were submerged in solutions containing S. aureus and
E. coli for 24 hours. Both microbes are common lab strains used due to their ability to make good
biofilms [5,6] and the serious infections they cause in humans [51]. It was previously a common
belief that all rough, superhydrophobic surfaces would retain their anti-bacterial adhesion
properties regardless of time. The results of long-term submersion in this study show that this is
not the case [23]. Failure to prevent bacterial adhesion occurs due to the collapse of the air gap, or
plastron, between the rough surface and the liquid over time [2,23,45,58]. Baumgartner et al.
performed experiments in 1997 that also showed that bacterial adhesion was greater on
hydrophobic surfaces than on hydrophilic ones [5].
For any engineered superhydrophobic surface, the precision of the repeating features should be
verified using light microscopy or scanning electron microscopy (SEM) [21,30,59]. This requires
coating the surfaces with a thin film of gold [32].
2.5

3D-Printed Engineered Microstructures and Industry Growth

As of now, there have not been a significant amount of 3D-printed engineered topographies created
for antibiofouling purposes. A couple of studies have examined the hydrophobicity or antibacterial
properties of such topographies [32,33,60]. Yin et al. developed different sized 3D-printed
hydrophobic surfaces inspired by springtail cuticle skin [32,45]. The surface was designed in a
CAD program and printed using the Boston Micro Fabrication (BMF) Material Technology P140
stereolithography machine. The microstructures are mushroom-like, and the smallest ones are on
the scale of 50 μm. A side-view of the finished structures is shown below:
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Figure 6: Side view of micro mushroom structures designed and printed by Yin et al. [32]. Taken
with permission.

The contact angle was measured on different sized micro mushrooms using a 2-μL droplet. The
largest contact angle was 171° for mushrooms with a head diameter of 190 μm. A flat surface
made of the same hydrophilic resin had a contact angle of 55°. Based on numerical models
described in Yin’s paper, curvature on the top surface of a micro mushroom is the reason for
hydrophobicity on a surface that is intrinsically hydrophilic, such as the photocurable resin used
in stereolithography. Yin performed multiple experiments, including combining droplets of
different chemicals and measuring adhesion forces, but there was no testing of antifouling
properties [32]. Therefore, the biofouling experiments described in this study provided insight into
how well 3D-printed micro mushrooms resist bacterial adhesion. This is important for real-life
applications of these hydrophobic surfaces [1,21–23,30].
Fourmann et al. developed a 3D-printed composite hydrogel and tested its physical and
antibacterial properties [60]. The chips printed were 2 cm × 5 cm and were printed using a direct
ink writing equipment from EnvisionTEC, a German company. The composite hydrogels were
created by loading a hydrogel with cellulose nanocrystals. The resulting mixture was 3D printed
with different alignments using 410- and 840-nm nozzle and cured with UV light [60]. Due to the
extensive process of mixing materials to create the composite hydrogels, the 3D printing process
itself is outside the scope of the proposed project. Antibacterial properties were tested by
submerging the chips in 40-μL, optical density 600 nm (OD600) suspensions of S. aureus, S.
arlettae, E. coli and P. fluorescens for 8 h at 37°C. After the 8 h, the chips were placed on agar
places, where the bacteria was allowed to grow for 20-28 h. The growth was qualitatively
determined at four levels but was not quantified [60]. Not quantifying the bacterial adhesion makes
it difficult to know whether the surfaces were effective in this area.
Dong et al. created superhydrophobic surfaces by developing 3D printing inks infused with
porogen solvents [33]. The inks undergo polymerization-induced phase separation, and the
resulting objects have a nano porous bulk nanostructure. The objects created are durable under
abrasion and remain superhydrophobic through multiple abrasion cycles. The authors state that the
objects could have antimicrobial applications, but bacterial resistance was not tested. The
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disadvantage of these objects with bulk nanostructures is that they require a critical drying step
that adds production costs [33]. Regarding the research in this paper, modifying 3D printing inks
and perfecting the required drying process would have greatly increased complexity and cost.
Therefore, only conventional polymers meant for stereolithographic 3D printing were used.
The company Empire Group, headquartered in Attleboro, MA, owns a micro-stereolithography,
or Micro SLA, machine that can 3D print parts with 2-μm resolution and 10-μm accuracy. The
machine, called the microArch 140, can print a pillar aspect ratio of 100:1 for pillar sizes greater
than 100 μm [27,50]. Stereolithography (SLA) works by hardening layers of resin with ultraviolet
(UV) light [61]. The UV light causes a polymerization reaction, which is a chemical reaction, in
the resin, which hardens it. There are several SLA methods, but a common method for printing
features in the 5-10 μm range is laser-SLA. Laser-SLA works by shining a UV laser on a thin resin
film. When one film is complete, the board on which the first layer is hardened is shifted slightly
in the z-direction (up or down depending on the machine), and the next layer is hardened [61]. Fig.
4, below, shows a schematic diagram of a laser-SLA machine and SEM images of parts made
using laser-SLA.

Figure 7: (A) Schematic diagram of a laser-SLA machine with main components labelled. (B)
SEM images of 3D-printed parts made with a laser-SLA machine. Taken with permission from
Schmidleithner and Kalaskar [61].

Walsh provides details on the growth of the 3D printing industry throughout the past 30 years [17].
It is relevant for this proposed research project because the project objective is to determine
whether 3D printing is a feasible method for quickly creating antibacterial surfaces. While 3D
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printing technology continues to improve, the cost of parts made from already existing technology
decreases as time goes on [62]. Additionally, companies discover that certain parts can be made
cheaper with 3D printing [17]. In the past several years, major automotive and aerospace
companies have begun to use 3D printing for economic purposes. Applications of 3D printing for
medical devices, such as prosthetics, have also been studied [63]. According to Walsh, “industry
grew by 33.5 percent between 2017 and 2018 to nearly $10 billion” [17]. By 2027, it is expected
to reach $40 billion. While owners of older additive manufacturing companies saw slow growth
for a good part of the last 30 years, they now see their sales skyrocketing. For example, EOS North
America, which sells 3D printing machines, went from generating $40 million in revenue in 2015
to $150 in 2019 [17]. Considering the rapid growth of the 3D printing industry and the increasing
capabilities of manufacturers [33], it is likely that future hydrophobic and antifouling surfaces for
medical and other applications will be 3D printed.
A non-cost-related advantage of 3D-printed parts is that unlike lithography and etching, they are
less fragile than the tiny surface features made with those alternative methods [32]. Additionally,
3D-printed surfaces are easily modifiable [33] because all that is needed to change a design is an
updated CAD model. Unlike some of the techniques described in the literature, which require
human involvement in many steps throughout the fabrication process, 3D printing can be done
passively. Therefore, manufacturing surfaces on an industrial scale would be much easier than
with methods like silicon micromachining and PDMS molding [45].
2.6

Methods for Measuring Hydrophobicity

The contact angle θc of a droplet is one way to measure surface hydrophobicity. θc is defined as
the angle between a surface and the line tangent to the surface of the droplet at the edge of the
surface-droplet interface [18,20]. The diagram below shows examples of the contact angle for two
droplets on different surfaces of the same material. Since the first surface is flat, the contact angle
is called the “intrinsic contact angle” and is denoted θy.
a

b

Figure 8: Contact angles for two droplets. (a) Droplet on a flat, hydrophilic surface. (b) Droplet in
the Cassie-Baxter state on a rough, hydrophobic surface of the same material. Note that on the flat
surface, the angle is denoted θy (intrinsic contact angle), while on the rough surface it is denoted
θc (contact angle).
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Contact angle hysteresis (CAH) is the different between the advancing and receding contact angles
on a droplet rolling on a surface at the roll-off angle [1,47]. A large contact angle hysteresis means
that the front end of the droplet is rounded, while the rear end of the droplet is nearly parallel to
the surface. A larger CAH means the surface is more adhesive [1]. The diagram below shows the
angles measured to determine CAH.

𝐶𝐴𝐻 = 𝜃𝑎𝑑𝑣 − 𝜃𝑟𝑒𝑐

Figure 9: Schematic diagram of droplet on inclined plane at roll-off angle. Contact angle hysteresis
is the different between the advancing and receding contact angles.

There are various ways to measure contact angle, the simplest being to analyze a photograph by
hand. Most studies, however, have used more advanced and precise methods. Van der Wals and
Steiner used the KSV CAM 200 contact angle goniometer equipped with a digital camera and an
automatic liquid dispenser to measure advancing and receding contact angles, used to calculate
CAH. A numerical fitting algorithm determined the contact angles from the images [43]. Hizal et
al. used the Ramé-hart Model 500 contact angle goniometer to measure contact angle for 3-μL
deionized (DI) water droplets on different topographical surfaces [48]. Surfaces were rinsed in 2propanol for 5 min, rinsed in DI water for 5 min, and dried in air for one day before measurements
were taken. Hizal also measured contact angle in over five places on each surface to obtain an
average value [48]. Hwang et al. used a First Ten Angstroms contact angle meter to measure
contact angle for 5-μL DI water droplets on multiples surfaces [23]. CAH was measured using the
“add and remove volume” method [23,36]. Carman et al. placed 2-μL droplets on samples and
measured contact angle using video capture goniometry and ImageTool software [30]. Fig. 7
shows how a typical contact angle goniometer works:
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Figure 10: Schematic diagram of a contact angle goniometer like the Rame-Hart Model 260 that
will be used for this project. The camera is controlled using the DROPimage Advanced software
package on a computer.

It is important that surfaces are clean when contact angle is measured. To ensure consistency,
surfaces can be rinsed with 100% ethanol and dried before each measurement session [30].
According to Bixler and Bhushan, a surface is considered hydrophobic if it has a water contact
angle greater that 90°. Surfaces with θc < 90° are considered hydrophilic. A superhydrophobic
surface has θc > 150° [1,20,32,36].
The Cassie-Baxter equation predicts the contact angle of a certain liquid on a topographic surface
based on the contact angle of an equivalent droplet on a flat surface of the same material
[1,19,20,30]. The Cassie-Baxter equation is
cos 𝜃𝑐 = 𝑓𝑠 cos 𝜃𝑌 − 𝑓𝑔

(1)

where
fg = liquid-gas contact fraction
fs = liquid-solid contact fraction
θc = contact angle
θY = intrinsic contact angle
The intrinsic contact angle θY is the flat surface contact angle. The liquid-gas solid fraction fg is
the ratio of droplet surface area in contact with gas between droplet and surface to the total
projected area of the droplet-surface interface. The liquid-solid contact fraction fs is the ratio of
droplet surface area in contact with solid surface to the total projected area of the droplet-surface
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interface [1,19–21,30]. If it is assumed that the gas fraction and the solid fraction add to one - that
is, the droplet is parallel to the substrate at all points at the interface [20] - the equation becomes
cos 𝜃𝑐 = 𝑓𝑠 (1 + cos 𝜃𝑌 ) − 1

(2)

This equation implies that regardless of its intrinsic wettability, a material can be made
superhydrophobic through surface topography only [20,34,41,45]. Surfaces with higher aspect
ratio features will be more hydrophobic [2,12]. This is the principle behind the superhydrophobic
micro mushroom topography developed by Liu and Kim [2]. Liu and Kim [20] also created the
following plot showing the relationship between liquid-solid contact fraction and contact angle:

Figure 11: Relationship between liquid-solid contact fraction (solid fraction) and contact angle.
The graph was created from Eqn. 2 and shows that with a very small liquid-solid contact fraction,
even inherently hydrophilic materials can be made hydrophobic. Figure taken from Liu and Kim
[20]. Permission requested.

Although the Cassie-Baxter model implies that any material can become superhydrophobic, the
challenge lies in developing effective topographies. As described in the previous sections, various
methods have been used to fabricate repelling surfaces.
Carman et al. compared contact angles from the Cassie-Baxter equation to experimental results on
PDMS surfaces and plotted theoretical normalized contact angles versus experimental normalized
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contact angles [30]. The normalized contact angle is the ratio of the actual contact angle to the
intrinsic contact angle, θc/θY. The relationship is linear with y = 0.99x and R2 = 0.89 [30]. This
shows that the Cassie-Baxter model can be used to estimate contact angles for the 3D printed
surfaces in the proposed project.
2.7

Methods for Quantifying Biofouling Resistance

To determine the antifouling capabilities of a surface, bacteria must be grown on samples in an
environment where it thrives. E. coli and S. aureus grow best at human body temperature, 37°C.
Therefore, many studies specify that the surfaces being studied are submerged in bacterial
solutions at 37°C [23,29,30,42,48,60]. These studies do not specify how bacterial suspensions are
incubated at this temperature, but it assumed that off-the-shelf microbiological incubators are used.
The liquid media in which bacteria have been grown for studies on antifouling surfaces include
brain heart infusion (BHI) broth [23], phosphate buffer saline [48], and serum-free medium [30].
Bacteria concentration on a surface is typically measured using a UV spectrometer or by directly
counting the number of colony forming units (CFUs) on a surface [23,48]. CFU counting, or plate
counting, is commonly believed to be the most accurate method [64–66]. Other direct counting
methods include microscopic cell counts, Coulter cell counting, flow cytometry, and fluorescence
microscopy [64]. Fluorescence microscopy was originally used for quantifying adhesion in this
study because the necessary equipment and dye were available in the RIT biosensing lab.
Hwang et al. give a detailed description of how concentration was measured. The authors used a
UV spectrometer at 590 nm to measure absorbance and optical density of a bacterial suspension
stained with 0.1% crystal violet (CV) solution [23]. After removing samples from bacterial
suspensions of E. coli and S. aureus, the samples were washed with deionized water to remove
loosely adhered bacteria and then placed in the CV solution for 15 minutes. The samples were then
“placed in 10 mL of pure ethanol, and then vortexed for 5 min to solubilize the CV.” The resulting
suspensions were centrifuged at 14,500 rpm for 2 minutes to remove particulate debris. Then, the
absorption of the suspensions was measured and compared.
Hwang also measured surface coverage by staining the bacteria with CV. Samples were placed in
CV solution, washed in DI water twice, and dried in the dark for 24 h. Then, images of the samples
were taken and edited using the Color Threshold tool in ImageJ. The specific parameters used
under this tool are not specified. Surface coverage was measured through analysis, but details on
the analysis are not provided [23].
Hizal et al. used field emission scanning electron microscopy (FE SEM) to create images and
determined the number of CFUs per cm2 substrate surface area on each sample to determine
bacterial adhesion numbers [48]. Sonication and serial dilution were used to determine CFUs.
First, bacteria were removed by placing each specimen in a 10-mL beaker of 0.1% sterile peptone
water. The beaker was placed in an ultrasonic bath for 10 min at less than 25°C. Then, 100 μL of
the 10-mL solution was serially diluted to 10-1, 10-2, and 10-3 times the original concentration. The
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solutions were agar-plated and incubated overnight at 37°C, and CFUs were counted. Atomic force
microscopy was used to measure adhesion forces [48].
Chung et al. measured adhesion by determining surface coverage using edited SEM images [29].
First, three small, circular areas on each 8-mm Sharklet AFTM chip were photographed using SEM.
The SEM images were processed using Macromedia Fireworks software to outline and blacken
the bacteria-covered area. Then, the images were analyzed using ImageJ software to determine
percent coverage. The surface coverage of the three measured areas on each chip was combined
and expressed as an overall percent coverage [29].
SEM, which was commercialized in the mid-1960s [67], works when an electron gun produces an
electron beam that interacts with a specimen. Electrons near the specimen surface, called
secondary electrons, are emitted and detected by secondary electron detector. The detector attracts
secondary electrons when it has thousands of volts applied to it. The electrons are then converted
to light, converted back to electrons, and amplified as an electric signal [68]. This electric signal
is processed, and an image is formed.
Wilson et al. studied the use of fluorescence spectroscopy to measure bacterial suspension and
biofilm concentrations [64]. P. aeruginosa genetically modified with enhanced green fluorescent
protein (EGFP) was used. Graphs were created relating fluorescence emission intensity to optical
density at 600 nm (OD600) and to colony-forming units (CFU) per milliliter. In measuring
fluorescence intensity, bacteria suspensions were constantly shaken to avoid bacteria settling at
the bottom of the cuvette. Intensity measurements were taken at the EGFP emission wavelength
of 514 nm [64]. Chung et al. immersed Sharklet AF in a 107 CFU/mL – a relatively low
concentration – bacterial solution [29]. Wilson et al. created plots for concentrations ranging from
107 to 1011 CFU/mL [64]. Thus, there is data for the bacterial suspension concentrations that 3Dprinted chips will be submerged in for the proposed experiments. However, fluorescence vs. OD600
and fluorescence vs. CFU/mL were created only for P. aeruginosa. Equations may be different for
E. coli and S. aureus. There do not seem to be other papers that have studied similar relationships
for these other bacteria. Also, the experiments used EGFP, which genetically modifies bacterial
cells [64]. The linear correlation equations could be different if dye were used and both live and
dead cells were counted. However, even if dead cells were counted, the extent of biofilm
development could still be represented with fluorescence intensity. The CFU/mL of suspensions
could be estimated using Wilson’s graphs and equations. Since spectrofluorometers are usually
standard in research labs, fluorescence is a common tool that could be used more often to measure
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concentration. One of Wilson’s graphs relating fluorescence intensity to CFU/mL is shown in Fig.
12 [64].

Figure 12: Relationship between fluorescence intensity, in arbitrary units (a.u.), and plate count,
in CFU/mL, for P. aeruginosa [64]. For these low-level intensities, a linear relationship is present.
Since no regression equation is provided, the fluorescence intensity corresponding to a certain
plate count can be visually estimated using the graph. Taken with permission from Wilson et al.
[64].

Wilson provides additional useful information on green fluorescent protein (GFP), namely that it
does not affect the growth of E. coli cells. This is important for our research because we are
depending on the growth of stained bacteria cells. Another advantage of using fluorescence
intensity to measure genetically modified GFP and EGFP cells is that only live cells are measured
since dead cells quickly cease to fluoresce [64]. This, however, was not applicable to this research
since BacLightTM dye does not genetically modify bacteria like GFP does [69]. Thus, both dead
and live cells would still be measured if fluorescence intensity were used to quantify bacterial
adhesion.
Fluorescence microscopy is a simple way to quantify bacterial adhesion in which samples are
placed under a fluorescent light that excites stained bacteria. Gu et al. used a Zeiss Axio Imager
M1 fluorescent microscope to take images of E. coli cells labelled with red fluorescent protein
(RFP) on PDMS line patterns [42]. In a separate study, Gu et al. used fluorescence microscopy to
verify results obtained by other biofilm quantification methods [25]. Schumacher et al. used a
Zeiss epifluorescence microscope attached to a Zeiss Kontron 3000 image analysis system to take
images of Ulva zoospores on different topographical surfaces [21]. The 5-μm-diameter zoospores
are clearly visible and appear as white circles on dark backgrounds, which are the surfaces. Thirty
spores/mL counts were taken on each surface at 1-mm intervals. Then, spore density was
determined by averaging the 30 counts [21].
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In a study on adhesion of E. coli, S. aureus, and P. aeruginosa on shape memory polymer (SMP)
surfaces, Gu et al. quantified biofilm growth based on biomass of biofilms that had grown for 48
h [25]. Biomass was calculated based on 3-dimensional information from z stack biofilm images
with 1-μm intervals. The images were analyzed using COMSTAT [25], a software program
developed by Arne Heydorn and Prof. Bjarne Ersbøll in 2000 that analyzes image stacks of
biofilms recorded by confocal microscopes [28,31,70–72]. One disadvantage of using COMSTAT
is that it contains many user options, which can result in misguided results from non-expert users
[28]. To help standardize COMSTAT methods and reduce user ambiguity, Morris et al. wrote a
protocol in which P. aeruginosa biofilms were grown and then quantified with certain settings in
the COMSTAT ImageJ plugin. The protocol provides a step-by-step approach on processing
images in the program so that important steps are not missed and results from different laboratories
can be compared [28].
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3.0

RESEARCH OBJECTIVES
•
•
•
•

Design a potentially hydrophobic and antimicrobial topographical surface based on
literature review that can be 3D printed.
Determine whether 3D-printed micro mushrooms can create superhydrophobic surfaces
and compare them to those created using silicon micromachining.
Investigate whether 3D-printed micro mushrooms resist E. coli colonization over 48 h.
Investigate the impact of coating 3D-printed micro mushrooms with Teflon and zinc
oxide on hydrophobicity and E. coli growth resistance.
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4.0

MATERIALS AND METHODS

4.1 Designing and Printing Chips
According to Empire Group, the microArch 140 machine can print micro-mushrooms with the
geometries shown in Figure 10, below. Therefore, these small micro mushrooms were the first
design that was submitted and underwent a 3D printing attempt.
(a)

(b)

(c)

Figure 13: Geometry of smallest attempted 3D-printed micro-mushrooms. (a) Cross-sectional
view of micro-mushrooms. For smallest structure, D = 20 μm, h = 20 μm, a = 4 μm, t = 2 μm, and
d = 5 μm. (b) CAD model of single micro-mushroom. (c) View of chip SOLIDWORKS model
with many micro-mushrooms evenly spaced on top surface.

To test the technology, six micro-structured chips, each 1 cm × 2 cm × 0.3 cm, were sent to Empire
Group as standard tessellation language (STL) files. Six rapid prototype prints were mailed back
to be observed by the lab team. The test prints included the following geometries:
•
•
•

Doubly reentrant structure with D = 20 μm, h = 20 μm, a = 4 μm, t = 2 μm, and d = 5 μm
Doubly reentrant structure with D = 20 μm, h = 60 μm, a = 4 μm, t = 2 μm, and d = 5 μm
Pillars with D = 20 μm and h = 60 μm (×2)
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•
•

Pillars with D = 5 μm and h = 60 μm
Singly reentrant structure with D = 5 μm, h = 60 μm, t = 2 μm, and d = 5 μm (like chip in
Fig. 10a but without second overhang)

Unfortunately, observing the chips under a microscope showed that the structures were destroyed
in the postprocessing and are indistinguishable. Pillar-like structures were only visible on one of
the chips. The structures on this chip were not uniform and did not retain their shape. It appears
that the structures were supposed to be pillars with diameter 20 μm and height 60 μm.
Although the test prints were not uniform and did not resemble the CAD models, they show the
limits of current Micro SLA technology. Topographies that are either larger or that have lower
aspect ratios had to be printed instead. High-aspect-ratio structures on the scale of 10 μm or less
are bound to be destroyed during postprocessing.
After scaling up the mushroom features and having each design printed, mushrooms with d = 100
μm, D = 300 μm, and l = 500 μm were successfully printed. Unfortunately, the overhang was
eliminated after proving to be too difficult to print. Furthermore, after viewing chips printed out
of different materials under a fluorescence microscope, it was found that lots of light scattering
occurs with chips made of clear resin. This scattering could hinder bacterial adhesion
measurements, which depend on clear images of biofilms on the chips. Therefore, all chips were
printed in black HTL resin. This material can withstand temperatures up to 140°C and has a
flexural strength of 112.9 MPa. According to the manufacturer, its inherent contact angle is 4560° [73]. Upright microscope images of the 100 μm × 300 μm features are shown in Fig. 14.
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a

10X

b

2.5X

Figure 14: Upright microscope images of micro mushrooms with 400-μm and 300-μm overhang
diameter at (a) 10X magnification and (b) 2.5X magnification.

SEM images of one of the 100-μm × 300-μm mushroom chips were taken so that a threedimensional view of the feature array could be observed. The images were taken with a Tescan
Mira3 scanning electron microscope, and the images were viewed using the program MiraTC. To
prepare the chips were SEM, they were coated with a 5-nm thick layer of gold nanoparticles. These
metallic particles allow a current to flow around the chip, which makes image generation possible.
Because the chips are relatively thick for SEM imaging, conductive copper tape was added to
connect the top of the chip to the microscope bed. Fig. 15 shows SEM images taken at different
angles and magnifications.
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Figure 15: SEM images of 100 μm × 300 μm mushroom chips (a) 0°, (b) 45°, and (c) 55° from the
vertical. Some broken features are seen in images, which shows that the structures are delicate and
must be handled carefully.

Because the 100 μm × 300 μm mushroom structures on these chips were printable and sturdy
enough to be handled and submerged in different liquids, they were chosen as the final design for
all chips to be used in contact angle and bacterial growth experiments. Figure 16 shows a
SolidWorks CAD model of the final chip design.
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Figure 16: SolidWorks CAD model of the final 3D-printed micro mushroom chip design. The
mushrooms are 400 μm tall, have a 100-μm stem, and are 300 μm in diameter at the top.

Nine identical chips were ordered. Each chip has a flat side to use as a control for the measurements
made on each chip. Three of the chips were left uncoated, three were spin coated with Teflon, and
three were coated with Zinc Oxide (ZnO) microparticles.

Figure 17: Five new, uncoated 3D-printed chips with 100-μm × 300-μm micro mushrooms on one
side.
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Three of the chips were spin coated with Teflon at 1000 rpm for 1 min and baked at 90°C for 15
h. For a detailed Teflon coating procedure, see Appendix F. Originally, dip coating was attempted.
Chips were simply placed in Teflon and placed in a vacuum. The resulting Teflon layer was about
100 μm thick and made the features unrecognizable from their original shape. Because dip coating
made the micro mushrooms unrecognizable, future chips were spin coated instead. Spin coating
resulted in a very thin Teflon layer on the order of a few microns. The micro mushrooms are still
clearly visible. Figure 18 shows one of the chips mounted on the spin coater, and Fig. 19 shows
the micro mushroom surfaces before and after Teflon dip and spin coating.

Figure 18: A 3D-printed chip vacuum mounted on the spin coater for Teflon coating.
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Figure 19: 3D-printed micro mushroom chip (a) with no coating, (b) after Teflon dip coating, and
(c) after Teflon spin coating.

Three additional chips were coated with zinc oxide (ZnO) microparticles. The particles, which are
spiked, are about 1 μm wide. ZnO was chosen because it was expected to add to the hydrophobic
and antimicrobial properties of the base topography. Several studies have shown that ZnO particles
exhibit antimicrobial properties for a variety of bacteria species [26,74–77]. The impact of zinc
nanoparticles on humans is stated to be harmless in certain studies; however, others report that
such particles can be toxic to various human body systems and organs [78]. While zinc
nanoparticles, which are commonly used [78], are more toxic to bacteria than microparticles [79],
the microparticles like the ones used in this study are still toxic to the common bacterial strains. In
a study comparing the toxicity of oxide nanoparticles to their respective bulk particles, Jiang et al.
discovered that E. coli at a concentration of 2 × 108 CFU/mL had an approximately 20% survival
rate when mixed with a suspension of bulk ZnO particles. When mixed with a ZnO nanoparticle
suspension, the E. coli survival rate was 0%. Aluminum oxide (Al2O3), silicon dioxide (SiO2), and
titanium dioxide (TiO2) nanoparticles showed similar results when compared to their respective
bulk particles [79]. Fig. 20 shows a picture of a micro mushroom chip coated with 1-μm ZnO
particle, and Fig. 21 shows SEM images of the same chip.
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Figure 20: 3D-printed HTL micro mushroom chip coated with zinc oxide (ZnO) microparticles.

The ZnO particles create a visible white coating on the black resin. The tops of the microstructures
are not as well coated as the flat surface below them. However, since the flat surface below the
mushrooms is where bacteria images were taken, the coating meets requirements. Figure 21 shows
SEM images of a ZnO-coated chip.
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Figure 21: SEM images of a ZnO micro particle-coated 3D-printed micro mushroom chip. The
ZnO bulk particles are about 2 μm in diameter. Magnifications are (a) 104 X, (b) 495 X, (c) 6280
X, and (d) 32400 X.

4.2 Contact Angle
To test the contact angle measurement procedure, two of the rapid prototype chips were used. The
two chips are a flat chip and the chip with indistinguishable surface features. The flat chip is used
as a control surface to evaluate effectiveness of different topographies [21,30].
Before measuring contact angles, the chips were cleaned following a pre contact angle
measurement procedure like that of Hizal et al. [48]. First, each chip was placed in a petri dish
filled with 100% ethanol. The ethanol was swashed around by hand for 5 min to rinse the chip.
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Then, the chip was placed in DI water and manually rinsed for another 5 min. The chip was then
placed in a covered petri dish and air dried for 24 h.
A 5-μL DI water droplet was placed on each chip using a micropipette. This size droplet was
chosen because it is within the range of 2-10 μL, which is the volume range used in similar studies
[23,30,32,36,48]. Contact angles were measured using a Rame-Hart Model 260 Contact Angle
Goniometer (260-U1), DROPimage Advanced, and the ImageJ Contact Angle Plug-In. For a
detailed contact angle measurement procedure, see Appendix D. The right-hand and left-hand
contact angles were measured, and the average was taken. For each chip, the contact angle was
measured on the flat sad and on the micro mushroom side. The ImageJ Contact Angle Plug-In
gives the left- and right-side contact angles and the uncertainty of those measurements.
4.3 Bacterial Adhesion
4.3.1 Bacterial Suspension Preparation
E. coli was grown on two of the rapid prototype chips received from Empire Group. The objective
of these experiments was to quantify the number of bacteria that grew on the chips. It was
important to do this to compare different structures’ attachment-inhibiting [2] antifouling
capabilities. Before growing the bacteria on the chips, the concentration of the bacterial
suspensions the chips are submerged in had to be determined.
First, a Biosafety Level 1 Escherichia coli (Migula) Castellani and Chalmers (ATCC 25922) stock
culture of about 7 mL was grown in the Microscale Bioseparations Lab at RIT. ATCC 25922 E.
coli is a strain designed for antimicrobial susceptibility testing [80]. The stock culture was stained
and diluted with DI water until the fluorescence intensity was about 500 a.u., which is within the
range documented by Wilson [64]. Then, based on Wilson’s graphs, it was assumed that this 500a.u. suspension had a concentration of 1.1 × 1010 CFU/mL. To reach the target concentration of 2
× 108 CFU/mL, the suspension was diluted using the formula
𝑐1 𝑉1 = 𝑐2 𝑉2

(3)

where c is concentration in CFU/mL and V is volume in mL. This target concentration was selected
because it is in the range of concentrations used in other studies [29,48,51,64,79]. The procedure
for determining the concentration of the suspensions used in the experiments is described in greater
detail in Appendix E.
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Unfortunately, the effects of BacLight™ Green Bacterial Stain on E. coli growth are unknown.
However, cells must be stained to measure fluorescence intensity. Therefore, an unstained cell
culture of known concentration must be created to submerge the chips in. It is assumed that if all
the dilutions in the cell staining and dilution procedures are followed starting with the same stock
culture while excluding the addition of a negligible amount of dye, the final suspension will have
the same concentration as that created with the stained cells. The unstained cells were suspended
in BD BBL BHI broth, a liquid growth medium used for various bacteria and fungi [81]. This
broth, first created by Edward Rosenow in 1919, has been used to grow ATCC 25922 E. coli for
24 h at 37°C in other studies [82,83] and is therefore suitable for the experiments in this study. A
quality control test of the BHI broth was performed to assure that the batch used for experiments
did not have any issues. A bacterial suspension was diluted to a low concentration of 1000
CFU/mL, and 1 mL of the suspension was added to 9 mL of BHI broth in a centrifuge tube. The
resulting 10-mL suspension was placed in a microbiological incubator for 24 h. Fig. 22 shows the
centrifuge tube before and after incubation.

(a)

(b)

Figure 22: E. coli in BHI broth suspension (a) before and (b) after 24-h incubation at 37°C. The
suspension is clear before being placed in the incubator since it contains only 1000 CFU, but it is
cloudy after incubation due to the bacteria growth that occurs in the incubator.

According to the manufacturer, the bacteria growth seen in the quality control test shows that the
BHI broth is working as it is expected to [81]. Therefore, it is assumed that the batch can be used
for the chip experiments. For a more detailed procedure on the BHI broth quality control test, see
Appendix H.
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An unstained E. coli suspension with an assumed concentration of 2 × 108 CFU/mL was created
to place the chips in. For a more detailed procedure on creating this suspension with the target
concentration of 2 × 108 CFU/mL, see Appendix E. After preparing the suspension, 3D-printed
chips were placed in 3.81 × 1.27 cm sterile plastic petri dishes. These petri dishes were placed in
larger petri dishes to prevent the bacterial suspension from spilling in case they were to overflow.
The larger petri dishes were taped together with one piece of Scotch tape to make transportation
easier while still allowing airflow. Seven mL of the unstained suspension was added to the petri
dishes, which were placed in a microbiological incubator at 37°C for either 12, 24, or 48 h. Figure
23 shows a chip in a petri dish filled with an E. coli-BHI broth suspension.

Figure 23: A 3D-printed chip in a 2 × 108 CFU/mL E. coli-BHI broth suspension ready to be placed
in the microbiological incubator.
4.3.2 Fluorescence Microscopy Quantification Method
This section describes the original process by which bacterial adhesion on the chips was going to
be quantified. Due to the results described in this section, SEM was ultimately used to obtain
images of bacteria. While the fluorescence microscopy method was unsuccessful, it resulted in
some important takeaways that should be considered when doing experiments related to bacteria
growth and biofilms.
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After removing the petri dishes from the incubator, 3 μL of BacLight™ Green Bacterial Stain was
added to the suspensions to prepare the cells for fluorescence microscopy. The chips were rinsed
twice in DI water and dried for 24 hours. Then, images were taken using a Zeiss AxioCam MRc
camera and an ultraviolet filter mounted on a Zeiss Axio Scope.A1 upright fluorescence
microscope.
It is important to know the impact of time between cell staining and obtaining images. To see
whether greater time between staining and imaging results in less fluorescence intensity and
therefore misleading results, a chip was observed both 1 day after cell staining and 6 days after
cell staining. The chip had 100-μm-diameter, 300-μm-tall pillars and was incubated for 24 h. The
chip is shown Fig. 24, below:

Figure 24: Incubated chip with stained cells after (a) 1 day after staining and (b) 6 days after
staining.

As shown in Fig. 24, the dye does not cease to fluoresce even if the chip sits in room conditions
for multiple days after being removed from the BHI broth growth medium. Therefore, it was
assumed that if images are taken between 1 and 6 days after being removed from the broth, the
results would be valid.
To practice sample preparation and testing the fluorescence microscopy quantification method,
many low-cost PLA 3D-printed chips were fabricated on a Flashforge 3D printer in the
Nanobiosensing Lab at RIT. The chips were incubated for 1, 10, 24, and 36 h. After post processing
the chips in the way previously described, six fluorescence images of each chip were taken. Each
image was converted to an 8-bit, binary image in ImageJ. A MATLAB script was written to
analyze these binary images for percent surface coverage. The script is given in Appendix J.
Unfortunately, the surface coverage percentages were far too similar across the different
incubation times. This suggests that much of the fluorescence being categorized as bacteria is not
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bacterial colonies but rather just blotches of die on different parts of the chips. Table 1 shows the
surface coverage percentages on these practice chips.

Table 1: Surface coverage percentages based on fluorescence microscopy quantification method.
Stained w/no Bacteria

Coverage

1h

Coverage

10 h

Coverage

24 h

Coverage

1
2
3

0.3118
0.3297
0.4492

1
2
3

1.0412
1.2234
0.4438

1
2
3

1.1331
2.2993
0.6762

1
2
3

1.0665
6.0036
1.9606

4
5
6
Average

0.3802
0.3491
0.3695
0.3649

4
5
6
Average

3.0824
0.614
4.5372
1.8237

4
5
6
Average

0.5826
2.0131
0.4881
1.1987

4
5
6
Average

2.8395
0.3277
0.8707
2.1781

Although the surface coverage percentages of the incubated chips are significantly higher than
those of the stained chip with no bacteria on it, the percent differences are far too small to be
statistically significant. The deviations from area to area on each chip are significant, which
makes the results even less reliable.
Another issue discovered while studying the fluorescence microscopy method was that
microscope settings needed to be adjusted based on the material being used. This is because
different materials have a different inherent fluorescent intensity. For example, PLA chips
printed at RIT require a different exposure time than Black HTL Resin chips printed by Empire
Group. Too long of an exposure time can result in a calculated 100% surface coverage, while too
short of an exposure time can result in nearly 0% surface coverage. These sensitive exposure
times mean that regardless of the amount of bacterial colonies on the chips, the surface coverage
results can be inaccurate or misleading. To illustrate this point, Table 2 shows surface coverage
percentages on black 3D-printed chips of different materials. The images analyzed to obtain
these results were taken with the same microscope settings.

45

Table 2: Surface coverage percentages on black 3D-printed chips of different materials.
Construct
PLA

Coverage

3D-Fuel
Standard PLA

Coverage

Silicon

Coverage

Coverage

0.4152

Black HTL
Resin (Empire
Group)
1

1

0.4570

1

41.9945

1

2

0.9382

2

73.1332

2

0.1805

2

100

3

0.4213

3

4

0.4278

4

58.6020

3

0.2619

3

100

77.2525

4

1.6835

4

100

5

0.2621

5

70.4033

5

0.1973

5

100

6
Average

0.2587

6

82.5258

6

0.2131

6

100

0.4609

Average

67.3186

Average

0.4919

Average

100.0000

100

4.3.3 Scanning Electron Microscopy Quantification Method
Because using fluorescence microscopy to quantify bacterial adhesion was unsuccessful, SEM
[68] was used. Colony counting, which involves counting the number of bacterial colonies on each
chip [84,85], was used to compare bacteria growth on the different samples. All SEM images were
taken on a Tescan Mira3 microscope. Once again, practice chips were used to test the method.
After incubation, chips were placed in Phosphate Buffer Saline (PBS) for 1.5 h, placed in ethanol
for 10 min, and airdried for 24 h. The samples were then sputter coated with gold nanoparticles
for 2 min. Microscope settings were determined by adjusting while viewing a practice chip that
had been incubated for 24 h. When clear images of bacterial colonies were seen, the settings were
saved. A 1000X magnification was chosen because it provides a view field of about 200 μm × 200
μm. This is small enough to not be interfered with by the tops of the mushrooms but large enough
to see multiple bacteria colonies in one image. After observing that a beam voltage of 20,000 V
was causing the surface to bubble up, the voltage was changed to 2,000 V. This resulted in clear
images with no bubbling.
After seeing clear images of E. coli colonies with no contamination on the 24-h incubation practice
chip, several more practice chips were incubated and imaged to determine the times for which the
Empire Group chips would be incubated. Practice chips were incubated for 1, 12, 24, 48, and 72
h. SEM images of each practice chip surface are shown in Fig. 25.
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Figure 25: SEM images of practice 3D-printed chips after incubation for (a) 1, (b) 12, (c) 24, (d)
48, and (e) 72 h.

From observing the images, the four phases of bacteria growth – lag, exponential, stationary, and
decline [86,87] – can be seen. Based on existing literature, the four phases combined are expected
to take about 72 h to complete [88]. After 1 h, there are no colonies and barely any adhesion. After
12 h, colonies have begun to grow, At 24 h, the bacteria has growth exponentially, and there are
many large colonies. At 48 h, there are more colonies than at 24 h, but the increase in coverage
from 12 to 24 h is greater than that from 24 to 48 h. At 72 h, there are very few large colonies but
lots of individual cells attached. This is because many of the cells in the large colonies died
between 48 and 72 h and were likely washed off when the chip was placed in PBS and ethanol
after incubation. The colony counts for each incubation time are shown in Table 3. on these results,
incubation times of 12, 24, and 48 h were chosen for the Empire Group chips.
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Table 3: Colony counts on practice 3D-printed PLA chips after different incubation times.

1h
0
0
0
0
0
0
Avg. 0.00

12 h
0
1
0
0
0
0
Avg. 0.17

24 h
4
5
5
8
5
4
Avg. 5.17

48 h
6
8
6
6
9
11
Avg. 7.67

72 h
6
2
3
5
4
3
Avg. 3.83

The same pre-incubation procedure was followed for all nine Empire Group chips. The same E.
coli stock culture and BHI broth batch was used for all the chips. The post processing procedure
previously described was followed, and SEM images were acquired. Six images were taken on the
pillared and flat side of each of the nine chips, resulting in 108 images for analysis.
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5.0 RESULTS AND DISCUSSION
5.1 Contact Angles
Figures 26-28 show water droplets on the micro mushroom structures with the different coatings.
These images were taken using the goniometer and DROPimage Advanced.

Figure 26: A 5-μL DI water droplet on a noncoated micro mushroom surface.

Because the micro mushrooms are too far spaced out and the inherent contact angle of the uncoated
chips is low, two of the three droplets placed on the mushroom side of the uncoated chips
collapsed. Although one droplet was suspended on top of the mushrooms, the surface cannot be
considered hydrophobic. The Teflon-coated micro mushroom surface, on the other hand, were
superhydrophobic. A droplet one of these surfaces is shown in Fig. 27.
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Figure 27: A 5-μL DI water droplet on a Teflon-coated micro mushroom surface.

All the droplets placed on the Teflon-coated micro mushroom surface were suspended. The
average contact angle on the surface is 153.7°. Therefore, the surface is superhydrophobic. This is
ideal because it allows for the testing of the antimicrobial properties of a superhydrophobic surface.
Contrary to expectations, the ZnO-coated surfaces were superhydrophilic. A collapsed droplet on
a ZnO-coated mushroom surface is shown in Fig. 28.

Figure 28: A 5-μL DI water droplet on a ZnO-coated micro mushroom surface. The droplets on
the ZnO-coated chips collapsed and spread out on the surfaces immediately.
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Like the droplets on the ZnO-coated micro mushroom surfaces, the droplets on the ZnO-coated
flat surfaces also collapsed and spread out immediately. The superhydrophilic behavior of these
ZnO-coated surfaces was not predicted, but it was consistent across the samples. It appears that
the microparticles allow the water to flow in between them with minimal resistance, thus causing
the droplets to spread out quickly on any ZnO-coated surface.
Table 4 compares the contact angles measured on each of the nine chips. The left- and right-side
contact angles, as well as the uncertainty, were determined using ImageJ. The average contact
angle was calculated in Excel.

Table 4: Contact angles on various 3D-printed chips made by Empire Group USA, Inc.
Chip
Flat Noncoated 1
Flat Noncoated 2
Flat Noncoated 3
Mushrooms
Noncoated 1
Mushrooms
Noncoated 2
Mushrooms
Noncoated 3
Flat Teflon 1
Flat Teflon 2
Flat Teflon 3
Mushrooms Teflon 1
Mushrooms Teflon 2
Mushrooms Teflon 3
Flat ZnO 1
Flat ZnO 2
Flat ZnO 3
Mushrooms ZnO 1
Mushrooms ZnO 2
Mushrooms ZnO 3

θL
97.4
94.6
94.9
136.7

θR
95.2
99.1
93.7
138.3

θave
96.3
96.9
94.3
137.5

Uncertainty
0.3
0.4
0.3
0.7

71.4

90.1

80.8

1.5

89.4

94.6

92.0

0.7

123.4
120.4
118.7
162.8
149.1
150.1
0.0
0.0
0.0
0.0
0.0
0.0

124.0
121.8
120.0
162.6
148.1
149.7
0.0
0.0
0.0
0.0
0.0
0.0

123.7
121.1
119.4
162.7
148.6
149.9
0.0
0.0
0.0
0.0
0.0
0.0

0.3
0.5
0.3
1.1
0.7
0.9
0.0
0.0
0.0
0.0
0.0
0.0

Evidently, there are significant differences between some of the contact angles measured on the
same micro mushroom topographies. This may be partly due to surface imperfections. For
example, since the 100-μm × 300-μm mushrooms are delicate, some of the structures may have
collapsed or bent during transportation or during the contact angle measurement procedure. As a
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result, a droplet in a certain location may fall through the structures to the Wenzel state, while
another remains on top of the structures in the Cassie-Baxter state. On a given topographic surface,
the droplets in the Wenzel state had lower contact angles than those in the Cassie-Baxter state.
Table 5 gives the average contact angle on each surface. For the topographic surfaces, the
estimated contact angle based on the Cassie-Baxter equation (Eqn. 2) is given. The intrinsic contact
angle, θy, is the angle measured on a flat surface with the corresponding surface finish. For
example, the contact angle on the flat chip coated with Teflon was used as the intrinsic contact
angle for a micro mushroom chip coated with Teflon. The liquid-solid contact fraction was
determined assuming that only the tops of the features, such as mushrooms, are contacting the
water.

Table 5: Real and predicted contact angles on each surface.
Chip
Flat Noncoated
Mushrooms Noncoated
Flat Teflon
Mushrooms Teflon
Flat ZnO
Mushrooms ZnO

Predicted θc
134.9
147.5
110.2

Real θc
95.8
103.4
121.4
153.7
0.0
0.0

Percent Difference
-30.4
4.1
∞

The significant differences between the predicted contact angle and the actual contact angle could
be due to various factors. For example, surface imperfections like fallen pillars are common and
may cause reduced contact angles. Slightly tilted pillars would also have an effect.
5.2 Bacteria Growth
One image of each surface after each incubation time is shown in Figs. 29-31.
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Figure 29: Each surface after 12 h of incubation. (a) Flat with no coating. (b) Mushrooms with no
coating. (c) Flat with Teflon coating. (d) Mushrooms with Teflon coating. (e) Flat with ZnO
coating. (f) Mushrooms with ZnO coating.

At 12 h, the ZnO-coated surface has resisted colonization the best. The uncoated surfaces had lots
of cell attachment and colonization already. Teflon-coated surfaces were much cleaner than the
uncoated surfaces, but they did have some colonization. The ZnO-coated chips had very little cell
attachment and no colonization. Figure 30 shows the chips after 24 h of incubation.
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Figure 30: Each surface after 24 h of incubation. (a) Flat with no coating. (b) Mushrooms with no
coating. (c) Flat with Teflon coating. (d) Mushrooms with Teflon coating. (e) Flat with ZnO
coating. (f) Mushrooms with ZnO coating.

At 24 h, the ZnO-coated chips still perform best. Interestingly, the micro mushroom side of the
Teflon-coated chip is covered with bacteria, while the flat side of the same chip has very little
growth on it. Figure 31 shows the chips after 48 h of incubation.
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Figure 31: Each surface after 48 h of incubation. (a) Flat with no coating. (b) Mushrooms with no
coating. (c) Flat with Teflon coating. (d) Mushrooms with Teflon coating. (e) Flat with ZnO
coating. (f) Mushrooms with ZnO coating.

By analyzing the images qualitatively, it is evident that the Teflon- and Zno-coated chips
performed much better than the noncoated chips. The ZnO-coated chips performed best, as there
are no bacteria colonies on those chips after any incubation time. Moreover, there are very few
individual cells attached to the ZnO-coated surfaces. The flat, Teflon-coated, 24-h incubation chip
seems inconsistent with the other results because it has colonies that are too numerous to count
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(TNTC) while the 48-h incubation Teflon-coated chip has close to zero colonies. It seems that
despite being inspected before incubation, the 24-h chip was poorly spin coated, thus allowing
bacteria to grow on it. None of the other Teflon-coated chips had colonies that were TNTC. Tables
6-8 show the colony count on the chips by incubation time.

Table 6: Colony counts on chips after 12-h incubation.
Flat
Noncoated
Teflon
176
21
64
4
48
2
7
8
48
13
80
6

ZnO
0
0
0
0
0
0

Pillars
Noncoated
Teflon
TNTC
0
TNTC
4
TNTC
7
TNTC
13
TNTC
0
TNTC
0

ZnO
0
0
0
0
0
0

At 12 h, the ZnO-coated chips perform best, with no colonization on them. The noncoated chips
had lots of growth on them and therefore were unsuccessful. Table 7 shows the colony count after
24 h, near the end of the exponential growth phase.

Table 7: Colony counts on chips after 24-h incubation.
Flat
Noncoated
Teflon
TNTC
2
TNTC
1
TNTC
1
TNTC
0
TNTC
0
192
0

ZnO
0
0
0
0
0
0

Pillars
Noncoated
Teflon
TNTC
TNTC
TNTC
96
TNTC
432
TNTC
112
TNTC
320
TNTC
320

ZnO
0
0
0
0
0
0

At 24 h, the ZnO-coated chips are stil the best performer, regardless of the surface structure.
Unexpectedly, the pillared Teflon-coated chip has lots of growth on it. Table 8 shows the colony
counts after 48 h, near the end of the stagnant growth phase.
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Table 8: Colony counts on chips after 48-h incubation.
Flat
Noncoated
Teflon
160
0
TNTC
0
176
2
TNTC
0
TNTC
1
TNTC
0

ZnO
0
0
0
0
0
0

Pillars
Noncoated
Teflon
TNTC
4
TNTC
112
TNTC
5
TNTC
3
TNTC
3
TNTC
7

ZnO
0
0
0
0
0
0

From the tables, the ZnO-coated chips are also quantitatively the best performers, as no bacteria
colonies were found on these chips after any incubation time. The ZnO-coated chips being the
most antimicrobial is likely due to one or both of the following reasons, but it is difficult to know
which: (1) the ZnO is nonuniform on the scale of the E. coli cells [22,42] and (2) the ZnO has good
antimicrobial chemical properties [4,6,7,51]. To know which of these possibilities caused the ZnOcoated chips to be effective, another study involving ZnO particles of different sizes should be
done. This future study could involve coating one flat surface with ZnO microparticles, like the
ones used in this study, and coating another flat surface with ZnO nanoparticles [26,52]. If the
bacterial growth is different on the two surfaces, then it is the physical properties of the crystals
that are inhibiting growth. If the bacteria growth on each surface is the same, then the antimicrobial
chemical properties of the compound are inhibiting growth.
The antimicrobial properties of the superhydrophilic, ZnO-coated chips being better than those of
the nearly superhydrophobic, Teflon-coated chips shows that the hydrophobicity of the surfaces
had nothing to do with their ability to inhibit bacteria growth. The results are contrary to the
assumptions made in some existing research papers [30,32]. Unless surface features are on the size
scale of the bacteria being grown on them, they are ineffective regardless of their hydrophobicity.
Even if features are on the scale of the bacteria, there are other factors, such as chemical properties,
that influence growth. Therefore, finding mathematical relationships between hydrophobicity and
bacteria growth is not practically useful.
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Considering the effectiveness of ZnO, another future study could involve designing robust 3Dprinted chips that could be ZnO coated. These chips could involve an inverted pyramid bulk
surface structure like that developed by Wang et al. [34]. This structure, unlike the micro
mushrooms, would be able to withstand some abrasion, thus making it more difficult to scrape
ZnO particles off. Figure 32 shows a CAD model of what the bulk structure could look like.

Figure 32: SolidWorks CAD model of inverted pyramid bulk structure for potential robust ZnOcoated antimicrobial surface.

The design in Fig. 32 was sent to Empire Group, whose representative stated that some small
adjustments would need to be made to be more confident that the chip would print properly.
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6.0

CONCLUSION

The experimental results gave insightful findings about using 3D printing to create hydrophobic
and antimicrobial surfaces. Teflon-coated micro mushrooms were nearly superhydrophobic due to
the combination of the surface structures and the coating. While the micro mushrooms were too
large to have an impact on bacterial colonization, it was observed that Teflon and ZnO coatings
were effective in inhibiting growth. The excellent antimicrobial properties of the ZnO-coated chips
suggests that there is no practical correlation between hydrophobicity and bacterial growth
inhibition. Other factors, such as surface nanotexture and chemical resistance, also influence
growth. For physical features to inhibit growth, they must be on the scale of the bacteria being
growth. Unfortunately, current 3D printing technology does not allow for the fabrication of
features on the scale of E. coli, so creating a 3D-printed antimicrobial surface based on topography
is unlikely now. However, as the technology continues to improve, making more effective
surfaces, regardless of coating, may become possible.
Much was also learned about the methods for quantifying bacterial growth. Unlike fluorescence
microscopy, SEM provided a very direct way of viewing E. coli colonies and the individual cells
within them. This allows one to be sure there is no contamination and that only bacterial cells are
being counted and not other debris. SEM also allows for surface structures and coatings, as well
as their interaction with bacterial cells, to be seen. For these reasons, it is recommended that SEM
be used in any similar future study.
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A.

APPENDIX

Appendix A: Bacteria Staining Procedure
Introduction: The following process is used to stain E. coli cells so that culture concentration can
be measured using the Jasco FP-8500 Spectrofluorometer.
Equipment and Materials
•
•
•
•
•
•
•
•
•

Cultured E. coli cells
Eppendorf Safe-Lock Tubes (0.5-mL microcentrifuge tubes)
VMR Mini Vortexer
VWR High Speed Microcentrifuge
Eppendorf single-channel, variable, 0.5-10 µL micropipette
Eppendorf epT.I.P.S.® Standard 0.1-10 µL, 34-mm micropipette tips
Eppendorf epT.I.P.S.® Standard 50-1,250 µL, 76-mm micropipette tips
Thermo Fisher Scientific® BacLight™ Green Bacterial Stain
o Absorption 480 nm, emission 516 nm
Aluminum foil

Procedure
1)
2)
3)
4)
5)
6)
7)
8)
9)

Add 0.5 mL of stock culture to microcentrifuge tube.
Place tube in microcentrifuge and spin for 5 min at 13,000 rpm.
Discard supernatant in biological waste container.
Add 0.5 mL of DI water and vortex cells for 30 s.
Place tube in microcentrifuge and spin for 5 min at 13,000 rpm.
Discard excess liquid.
Add 0.5 mL of DI water and vortex cells for 30 s.
Add 3 μL of green BacLight dye into same microcentrifuge tube.
Close microcentrifuge tube, and vortex for 30 s to ensure dye reaches all cells.
a. If using less than 1 mL sample, use dye to sample volume ratio of 1:250.
10) Wrap sample with foil and incubate for 20 min at room temperature.
11) Place tube in microcentrifuge and spin for 5 min at 13,000 rpm.
a. Visible yellow-orange pellet should appear at bottom of tube.
12) Remove excess liquid using micropipette.
13) Add 0.5 mL of DI water to the tube.
14) Close tube and vortex cells for 30 s.
15) To store and protect stained cells, cover tube with foil and place in refrigerator.
a. Cells should be usable for several days after being stained. Intensity may decrease
over time.
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Appendix B: Fluorescence Intensity Measurement Procedure
Introduction: The following process was used to measure the intensity of the stained E. coli
cultures. The purpose of measuring intensity is to have consistent amounts of bacteria applied to
different chips.
Equipment and Materials
•
•
•
•
•

Jasco FP-8500 Spectrofluorometer
Cuvette
Stained E. coli or S. aureus cells
Eppendorf single-channel, variable, 10-100 µL micropipette
Eppendorf epT.I.P.S.® Standard 50-1,250 µL, 76-mm micropipette tips, Catalog No.
022492063

Software
•

Jasco Spectral Manager Suite (software program)

Procedure
Fill cuvette with 70 μL of stained cell solution using micropipette.
Hold cuvette with triangle facing towards you, and place tube inside spectrofluorometer.
Switch spectrofluorometer on.
Open Jasco Spectral Manager Suite.
Double click Spectra Measurements.
Under the Measure tab, select Fluorescence.
If necessary, click Move Wavelength under Control tab to change excitation frequency.
Click Start button on spectrofluorometer.
a. Program should create intensity vs. wavelength graph.
9) To save or export file, use .jws file name. This will allow exporting to Excel.
10) To create bar chart of area under intensity curve, use Origin.
11) Wait 15 minutes before switching spectrofluorometer off.
1)
2)
3)
4)
5)
6)
7)
8)
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Appendix C: Sonication Procedure
Introduction: The following process is used to clean lab equipment, such as agar plates and
cuvettes, with the ultrasonic cleaner.
Equipment and materials
•
•
•
•
•

2 larger beakers
Deionized (DI) water
Ethanol, 100%
Ultrasonic cleaner
Contaminated equipment

Procedure
1) Place dirty equipment inside first beaker, and fill beaker with ethanol such that equipment
is covered. Let sit for 5 min.
2) Place beaker inside ultrasonic cleaner.
3) Fill second beaker with water. Pour water from beaker into ultrasonic clear until water
level is higher than ethanol level in first beaker.
4) Switch ultrasonic cleaner power on (switch on back of machine).
5) Initiate sonication (ON button on front of machine). Let process run for 5 minutes.
6) Remove beaker from ultrasonic cleaner. Move equipment from first beaker to second
beaker (empty).
7) Fill second beaker with DI water such that equipment is covered. Let sit for 5 minutes.
8) Discard ethanol into hazardous waste bottle, and wash beaker with dish soap in sink.
9) Remove equipment from DI water and place on paper towel to dry.
10) Discard DI water into hazardous waste bottle, and wash beaker with dish soap in sink.
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Appendix D: Contact Angle Measurement Procedure
Introduction: This method is used to measure contact angles on 3D-printed chips using a contact
angle goniometer.
Equipment and Materials
•
•
•
•

Rame-Hart Model 260 Contact Angle Goniometer (260-U1)
Eppendorf single-channel, variable, 0.5-10 µL
Eppendorf epT.I.P.S.® Standard 0.1-10 µL, 34-mm micropipette tips, Catalog No.
022492004
4-mm ball goniometer calibration tool

Software
•
•

Rame-Hart DROPimage Advanced
ImageJ

Procedure
1)
2)
3)
4)
5)

Turn on goniometer light to half of max brightness.
Adjust goniometer knobs such that air bubble is centered inside black circle.
Open DROPimage Advanced.
Place 4-mm ball calibration tool on side of goniometer stand closest to camera.
Adjust goniometer knobs such that ball image is clear and as large as possible. The image
should take up most of the screen.
6) Click Calibrate tab → click Check Calibration → select Sphere. Make sure size is 4 mm
Click image to make green lines appear. Place horizontal tangent to bottom of ball and
vertical line through center of ball. Click Calibrate. Make sure deviation is < 0.5%.
a. If deviation is greater than 0.5%, adjust goniometer knobs and repeat step.
7) Click Edit Method icon → Select correct folder (“Justin”) and save calibration image
there.
8) Click File → New Experiment Wizard. Select Contact Angle. Enter Name. Do not
change phases of materials. Enter number of pictures to 10. Set time interval to 1 s. Click
Finish. Click No for running experiment now.
9) Use pipette and pipette tip to collect 5-μm of DI water. Place droplet on sample.
10) Adjust knobs on goniometer such that droplet is below horizontal center line of screen.
11) Adjust light until background disappears and droplet appears dark with sharp edges.
12) Take a picture of the droplet and save it as a .jpg file.
13) Open image in ImageJ, rotate it 180°, and save it as a new .jpg file. Open the rotated
image.
14) Open the Contact Angle plug-in.
15) Place seven points around the droplet: two at the base, and five around the round part.
16) Click the menu icon under the plug in and select Manual Points Procedure. The results
will be displayed in a new window.
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Appendix E: Procedure for Growing E. coli on 3D-Printed Chips
Introduction: This method of growing bacteria involves submerging chips in petri dishes filled
with bacterial suspensions. Because the petri dish is sealed and no additional nutrients are
provided, the environment is a closed system. The bacteria are expected to go through the lag,
log, stationary, and death phases.
Equipment and Materials
•
•
•
•
•
•
•
•
•
•
•
•
•

Small plastic petri dish (3.81 × 1.27 cm)
3D-printed chip (1 × 2 cm)
½ cup Clorox
4 ½ cups warm water
Sterile tongs
Stained Biosafety Level 1 E. coli suspension of fluorescence intensity 7 a.u. (see
Appendix A: Bacteria Staining Procedure)
Adhesive tape
Microbiological incubator
Transport container
15-mL sterile centrifuge tube
5 mL de-ionized (DI) water
1.5 mL Brain heart infusion (BHI) broth
All equipment and materials from Appendix B: Fluorescence Intensity Measurement
Procedure

Software
•

All software from Appendix B: Fluorescence Intensity Measurement Procedure

Procedure
1) Prepare petri dishes for bacteria growth. If petri dishes are sterile, start at Step 2.
a. Mix ½ cup of Clorox (any 10% bleach solution will work) with 4 ½ cups of warm
tap water.
b. Using a soft, non-abrasive cloth, antibacterial dish soap and warm water, gently
clean and rinse the plastic Petri dish.
c. Place petri dish in bleach solution for 2 minutes.
d. Immediately remove the Petri dish from the rubbing alcohol with another pair of
sterile lab tongs and place it on a sanitary surface to air dry.
2) Create bacterial suspension.
a. Follow the Bacteria Staining Procedure (Appendix A). Dilute by factor of 0.5 by
discarding 0.25 mL of suspension and adding 0.25 mL of new DI water. Vortex
suspension for 30 s.
i. Measure fluorescence intensity using Fluorescence Intensity Measurement
Procedure (Appendix B). Intensity should be about 500 a.u. (1.1 × 1010
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3)
4)
5)
6)

7)
8)
9)

CFU/mL based on Wilson’s study). Use Wilson’s graphs to determine the
corresponding CFU/mL.
b. Using the same stock culture, follow the Bacteria Staining Procedure again, but
this time do not stain the cells. For Step 13, use BHI broth instead of DI water.
Vortex suspension for 30 s.
c. Pour 200 μL of 0.5-mL suspension into 15-mL centrifuge tube.
d. Use the Cell Concentration spreadsheet to calculate the amount of buffer needed
to dilute the 200 μL to 2 × 108 CFU/mL. Add the calculated amount of BHI broth
to same 15-mL centrifuge tube. Vortex for 30 s. This suspension is ready to
submerge chips in.
Wearing gloves, take lid off petri dish and place on sterile surface.
Use sterile lab tongs to place chip inside dish.
Pour 7.25 mL of suspension from microcentrifuge tube into petri dish.
Place dish lid on base and tape on with two strips of tape. Do not tape entire gap, thus
allowing some air to get in.
a. This will prevent other species from growing due to lack of air.
Set incubator to 37°C (98.6°F), and place dish inside incubator.
When growth time is up, remove dish from incubator.
Place dish in transport container to take back to Nanobiosensing lab for surface coverage
measurements.
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Appendix F: Teflon Coating Procedure
Introduction: This following procedure describes how to spin coat a 3D-printed micro mushroom
chip with Teflon. Spin coating creates a thinner, smoother layer of Teflon compared to that
resulting from simply dipping a chip in Teflon.
Equipment and Materials
•
•
•
•
•
•
•

Amorphous Fluoroplastics Solution (Teflon)
GAST vacuum chamber
QL Model 10 Lab Oven
2 petri dishes
3D-printed chip
Spin coater
2 ft2 aluminum foil

Procedure
1) Cover inside of spin coater with aluminum foil.
2) Spin coat Teflon
a. Open white manual shutoff valve to turn on pressurized air.
b. Connect quick disconnect fitting to connect high pressure air line to spin coater.
c. Set black pressure-regulating valve on wall to 55 psi.
d. Check intermediate valve to make sure pressure is in range of 50-55 psi.
e. Turn on compressor, underneath table, that is attached to spin coater.
f. Turn on spin coater (switch is located on back of device).
g. Place 50 μL of Teflon on chip, distributing Teflon evenly droplet by droplet.
h. Place chip on spin coater using small specimen adapter and press Vacuum.
i. Close spin coater.
j. Select Program 4 and click Edit Mode. Use tab<pgup> and tab<pgdwn> to select
parameters to edit.
i. Set speed to 1000 rpm.
ii. Set time to 1 min.
iii. Set acceleration to 40 rpm/s.
k. Press Run Mode.
l. Press green arrow to run program.
m. Release vacuum and use tweezers to remove chip from spin coater.
3) Place petri dish with chip in lab oven and set dial to 5.
4) Turn oven on and bake chip for 15 h.
5) Remove dish from oven and place chip in DI water for 5 min.
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Appendix G: Biofilm Analysis Procedure for Fluorescence Images
Introduction: This procedure describes how to take images of stained bacteria fixed to 3Dprinted chips and how determine surface coverage measurements from those images.
Equipment and Materials
•
•
•
•

Zeiss Axio Scope.A1 upright microscope
X-Cite 120Q fluorescence lamp illuminator
Power supply
3D-printed chip with stained, dried bacteria on it

Software
•
•
•

ZEN 2.3 Lite
ImageJ
MATLAB

Procedure
1)
2)
3)
4)
5)
6)
7)
8)

Turn on microscope, fluorescence lamp illuminator, and power strip.
Turn microscope large front dial to 2.
Adjust large bar in back of microscope so that numbers 2 and 3 are showing on right side.
Turn dial on back of microscope to selects fluorescence lamp illuminator as light source.
Turn fluorescence lamp illuminator dial up to maximum intensity.
Open ZEN 2.3 lite image analysis program.
Turn microscope to 50X magnification lens.
Place chip under microscope and adjust image such that it is focused. Ensure that the
microscope is focused on one surface elevation (i.e., focus only on the substrate and
avoid the top of the pillars).
9) In Zen, adjust the exposure to 20 ms and the threshold to 205. Click Snap to create a
modifiable image, and add a scale bar.
10) Select File → Export. Select JPEG file format. Set Quality and Resize to 100. Click
Apply to export image.
11) Open image in ImageJ.
12) Go to Image → Type → 8 bit.
13) Go to Image → Adjust → Threshold.
14) Click Set. Set low value to 0 and high value to 13. Click Apply.
15) Close the Threshold window and save the image as .jpg file.
16) Open the MATLAB script Threshold_Image_Analysis.
17) In Line 8, type the appropriate file name.
18) Run script to calculate percent surface coverage.
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Appendix H: BHI Quality Control Test Procedure
Introduction: This procedure describes the quality control test for the Brain-Heart Infusion (BHI)
broth growth medium that was used in the E. coli growth experiments.
Equipment and Materials
•
•
•

All equipment from Bacteria Staining Procedure (Appendix A)
10-mL centrifuge tube
Microbiological incubator

Procedure
1) Follow Steps 1-12 of Bacteria Staining Procedure (Appendix A). Dilute by factor of 0.5
by discarding 0.5 mL of suspension and adding 0.5 mL of new DI water. Vortex
suspension for 30 s.
a. Measure fluorescence intensity using Fluorescence Intensity Measurement
Procedure (Appendix B). Intensity should be ~ 500 a.u. (~ 1.1 × 1010 CFU/mL
based on Wilson’s study). Use Wilson’s graphs to determine the corresponding
CFU/mL.
2) Using the same stock culture, follow Steps 1-12 of Bacteria Staining Procedure again, but
this time do not stain the cells. Vortex suspension for 30 s.
3) Pour 100 μL of 1-mL suspension into 15-mL centrifuge tube.
4) Use the BHI Testing sheet in the Cell Concentration workbook to calculate the serial
dilutions (volume, concentration, and number of dilutions) needed to dilute the current
suspension such that there are less than 10000 CFUs in the 10-mL centrifuge tube
(concentration must be < 1000 CFU/mL).
5) Perform the required number of dilutions. Vortex each time DI water is added to any
amount of bacterial suspension.
6) Use pipette to add 1 mL of the final DI water dilution to 9 mL of BHI broth.
7) Vortex suspension for 30 seconds.
8) Place closed centrifuge tube in microbiological incubator for 24 h and inspect to see if
bacteria has grown.
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Appendix I: MATLAB Script for Estimating Contact Angle on 100-μm × 300-μm Micro
Mushroom Surface
clear
clc
r_l = 300E-6; % m; Outer radius of top part
r_s = 100E-6; % m; Outer radius of thin part
a = 20E-6; % m; Height of top part
h = 300E-6; % m; Height of thin part
w = 500E-6; % m; Distance between pillars
theta_y = 30; % deg; Intrinsic contact angle
A_wet = pi*r_l^2 + 2*pi*a*r_l; % m^2; Liquid contact area
A_dry_flat = w^2 - pi*r_s^2; % Flat surface gas contact area
A_dry_pillar = 2*pi*r_s*h + pi*r_l^2 - pi*r_s^2; % m^2; Pillar gas
contact area
A_tot = A_dry_flat + A_dry_pillar + A_wet; % Gas contact area
f_s = A_wet/A_tot; % [-]; Solid contact fraction
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Appendix J: MATLAB Script for Determining Bacteria Surface Coverage
clear
clc
image = imread('50X 205 BW.jpg');
imshow(image)
BW = image > 0; % Number of pixels that are not black
nWhite = sum(BW(:)) % Number of white pixels
nBlack = sum(~BW(:)) % Number of black pixels
coverage = nWhite/(nWhite + nBlack)*100 % Percent surface coverage
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